Introduction {#sec1}
============

The affordability, accessibility, and accuracy provided by next-generation sequencing (NGS) has been instrumental in laying the foundation for precision medicine.^[@ref1]^ NGS technologies read the genetic code from DNA strands that are ∼100 base pairs in size in a massively parallel way.^[@ref2]^ While NGS is excellent for identifying single nucleotide polymorphisms, it struggles to extract the long-range information^[@ref3]^ from DNA required to determine structural variations which span hundreds and thousands of kilobase pairs (kbp) and cause complex diseases.^[@ref4]^ Additionally, decoding plant genomes by NGS is challenging because of their high complexity, for example, the enormous and highly repetitive hexaploid wheat genome.^[@ref5],[@ref6]^

Such large-scale problems motivated, in part, the development of commercial long-read genomics technologies such as nanopore sequencing,^[@ref7]^ single-molecule real-time (SMRT) sequencing,^[@ref8]^ and genome mapping in nanochannels,^[@ref9]^ as well as several academic microfluidic tools for long DNA analysis.^[@ref10]^ In addition to their benefits for identifying structural variations, long-read technologies provide improvements with respect to traditional sequencing in terms of the computational cost for genome assembly,^[@ref11]^ sequencing through otherwise complicated regions of the genome such as centromeres, and the resolution of long repeats.^[@ref12]^ With the aim of ultimately becoming an indispensable clinical tool, these emerging technologies have quickly increased their user base and decreased their sequencing cost. As the error rates plummet,^[@ref13]^ the lack of facile sample preparation tools to deliver very long DNA to these systems is quickly becoming a bottleneck for their overall performance.

The challenge in long DNA sample preparation arises because the DNA molecules are prone to shear-induced fragmentation during mechanical or liquid-phase processing.^[@ref14]^ For the last three decades, plug lysis has been the method of choice for long DNA extraction from cells because it is a simple and robust method that protects the integrity of the released genomic DNA *via* an agarose gel matrix.^[@ref15]^ However, in tandem with the downstream genomic process, the day-long and hands-on nature of this classic protocol makes it unattractive. For similar reasons, the Sambrook and Russell method for DNA extraction using phenol and chloroform is an unappealing choice.^[@ref16]^ The most promising improvement to date is the recently commercialized Nanobind magnetic disk.^[@ref17]^ In this method, the DNA is adsorbed to a nanostructured silica surface following cell lysis to isolate the DNA from the cellular debris. The method produces DNA that are several hundred kbp in length in 2 h. An alternative protocol that takes 24 h can produce DNA in excess of 1 Mbp. Being a benchtop process that relies on vigorous mixing and vortexing, this approach has limited scope for miniaturization. Loading the long DNA into the genomics chips with a pipet, a subset of the "world-to-chip" problem not only causes mechanical DNA shearing but also product loss by DNA adsorption to the pipet walls. A universal method that can produce similar DNA sizes and ultimately deliver the long DNA directly to the sample port of any downstream genomics chips using fluidics or electrokinetics is highly desirable because it would eliminate DNA degradation during delivery and offer the potential to automate a "cells in-genomic information out" method.

All long-read technologies operate at the micro and nanoscale, so DNA extraction and library preparation platforms can be designed in accord to facilitate such integration. Microfluidic systems are excellent in this regard because they not only present a scope of direct integration owing to their size scale but also process automation by computerized fluidic and electric manipulation. The USB-powered VolTRAX device being developed by Oxford Nanopore for automatic DNA sample preparation for nanopore sequencing is one example. Microfluidic long DNA extraction has been previously demonstrated elsewhere; however, the methods either involve liquid phase processing^[@ref18],[@ref19]^ or high system complexity.^[@ref20],[@ref21]^ These are undesirable either due to shear during liquid phase processing or the complexity required to ultimately integrate the sample preparation with a genomics system.

We recently presented a simple, single-layer prototype poly(dimethylsiloxane) (PDMS) microfluidic device, created by replica molding from a lithographically-patterned negative mold that produced 10 ng of long DNA directly from ∼2000 cells.^[@ref22]^ This device avoids liquid-phase processing and, owing to its simplicity, could be integrated with other genomics operations. The key physical principles utilized in the DNA extraction protocol were diffusive cell lysis followed by electrophoretic extraction of the DNA out of a mini gel. The microfluidic nature of the device significantly reduced the process time relative to a bulk protocol by (i) reducing the diffusive transport times *via* short diffusion lengths and (ii) enabling the use of a highly porous gel matrix that leads to quick DNA electroelution. The device yielded DNA with purity comparable to conventional sample preparation methods, and the recovered DNA molecules were up to 4 Mbp in length.

Despite its advantages when compared to the plug lysis method, the device yield of 10 ng of DNA was insufficient for conventional genomics assays because of sample loss during transfer of DNA from one platform to another. While nanopore sequencing protocols for as little as 10 pg of DNA have been provided by Oxford Nanopore, they require either whole genome or PCR-based amplification of the purified sample. However, this can introduce amplification bias and eliminates the desirable single-molecule nature of the genomics methods. One possible solution to the yield problem is planar multiplexing of the device. While rigorous microfluidic multiplexing has been successfully demonstrated,^[@ref23]^ for example, by valving, it significantly increases system complexity via extensive fluidics and electrical networks and the return on investment in terms of the increase in DNA yield is disproportional.

Here, we present a high-yield microfluidic device ([Figure [1](#fig1){ref-type="fig"}](#fig1){ref-type="fig"}) that produces long DNA from cells in 5 h of total operation with minimal labor. We have scaled up the key physical principles employed in our first-generation device,^[@ref22]^ solving the yield problem *via* a geometry modification that is difficult to implement with photolithography. We thus used three-dimensional (3D) printing to make negative molds for the PDMS-based device, easily achieving the feature sizes needed for a higher DNA yield.^[@ref24],[@ref25]^ The long genomic DNA, electrophoretically extracted from cells in the device, are quantitated offline by fluorometry and sized in high-throughput, nanochannel-based genome mapping chips. The N50 value of the device-extracted DNA sample is compared to that obtained for DNA produced by conventional methods.

![DNA extraction device. The 6 mm long, 1 mm wide, and 2 mm deep gel channel is filled with green-dyed 0.2 wt % agarose. The 10 mm long, 1.5 mm wide, and 2 mm deep fluid channels, filled with red-dyed water, communicate with the gel through trapezoidal posts. The six labeled arrows point to the channel reservoirs for loading cells and reagents.](ao0c01912_0001){#fig1}

Experimental Methods {#sec2}
====================

3D Printing of Molds {#sec2.1}
--------------------

The device and the mold platform structure were designed in AutoCAD. The stereolithography mold was printed on a Form2 SLA desktop 3D printer using Formlabs standard clear resin. The "One-click Print" tool in the PreForm software was used to orient the part on the print bed and generate support structures. The layer height for the print was set at 25 μm. The printed part was washed with isopropyl alcohol (IPA) in the Form Wash for 20 min.

Device Fabrication {#sec2.2}
------------------

Devices were replicated from the 3D-printed mold in PDMS by first mixing silicone elastomer and curing agent (Sylgard 184, Dow Corning) at a 10:1 ratio for 5 min at 2000 rpm in a Thinky ARE-310 mixer, followed by a degassing step at 2200 rpm for 5 min. The PDMS mixture was poured on the 3D printed mold, degassed again in a vacuum desiccator for 20 min, and then cured at 75 °C for 2 h. The cured PDMS was peeled off from the mold, and 1.5 mm diameter reservoirs were punched in the gel and fluid channels. The devices were bonded to a glass slide after oxygen plasma treatment for 2 min in a Harrick PDC-32G plasma cleaner and then heated at 75 °C for 36 h prior to use.

DNA Extraction in the Device {#sec2.3}
----------------------------

The DNA extraction procedure in [Scheme [1](#sch1){ref-type="scheme"}](#sch1){ref-type="scheme"} was similar to previous work.^[@ref22]^ Briefly, MCF7 human breast cancer cells (ATCC HTB-22) were cultured in Dulbecco's modified Eagle's medium (Sigma Cat\# D6429), supplemented with 10% fetal bovine serum (Thermo Fisher Scientific Cat\# 10437028). For extraction, 3 × 10^4^ cells from the culture were suspended in 20 μL 1× phosphate buffered saline (PBS, Thermo Fisher Scientific Cat\# 14190250) and mixed with 20 μL of molten 0.4 wt % pulsed field certified agarose (BioRad Cat\# 1620137). This mixture was loaded into the gel channel of the device using a pipet. The lysis solution, containing 70 μL RIPA buffer (Thermo Fisher Scientific Cat\# 89900), 5 μL Triton X-100 (Sigma Cat\# T8787), 10 μL sodium dodecyl sulfate lysis buffer (Sigma Cat\# 20-163), Proteinase K (Qiagen Cat\# 158920) at a concentration of 2 mg/mL, RNase A (Qiagen Cat\# 158924) at a concentration of 2 mg/mL, and YOYO-1 (Thermo Fisher Scientific Cat\# Y3601) at a concentration of 1 μM, was filled in the two fluid channels using a pipet and the device was incubated at 43 °C for 1.5 h. After cell lysis, the cellular debris was removed by allowing it to diffuse out of the gel into the TE buffer (Thermo Fisher Scientific Cat\# AM9849) flowing in the two fluid channels at 5 μL/min using a Harvard Elite 11 syringe pump. The removal step duration was 1.5 h. To extract the purified DNA out of the gel, 1× TBE buffer was filled in both fluid channels and platinum electrodes were immersed in reservoirs 1, 2, 3, 5, and 6 (see [Figure [1](#fig1){ref-type="fig"}](#fig1){ref-type="fig"}). Periodic 10 V, 15 s pulses were applied at reservoir 3 while grounding reservoirs 1, 2, 5, and 6 using a Keithley 2230G-30-1 power supply. Each elution pulse was followed by a 3 s rest period for DNA relaxation. Applying a periodic voltage pulse with a rest period helps the DNA that are entangled with the gel fibers at the gel--fluid interface to relax and avoid fragmentation of the DNA as they exit the gel into the fluid.^[@ref22]^ This 18 s electrophoresis cycle was repeated 400 times using a custom LabVIEW script.

![Microfluidic Long DNA Extraction Process\
Cells are mixed with agarose and loaded in the device along with the lysis reagents; 1.5 h of cell lysis in an incubator is followed by 1.5 h of washing with a syringe pump. Pure DNA is recovered by electrophoresis at 10 V in 2 h.](ao0c01912_0005){#sch1}

DNA Quantitation {#sec2.4}
----------------

The DNA eluted in the anodic fluid channel was recovered from reservoir 3 of the device at the end of 1 and 2 h of electrophoresis using a wide orifice P200 pipet tip. The pooled DNA sample was heated at 70 °C for 1 h to concentrate it to a product volume between 5 and 20 μL. The Qubit working solution containing 1:200 dsDNA dye and dsDNA broad range assay buffer (Thermo Fisher Scientific Cat\# Q32850) was added to the concentrated DNA product to bring it to a final volume of 200 μL. The concentration of the double-stranded DNA in the sample was measured in a Qubit Fluorometer 2.0 (Thermo Fisher Scientific).

DNA Extraction with Nanobind Magnetic Disks {#sec2.5}
-------------------------------------------

DNA from the MCF7 cell line was extracted using the Nanobind CBB Big DNA kit (Circulomics) as per the manufacturer's high molecular weight (HMW) protocol. Briefly, 1.5 × 10^6^ cells were pelleted in a 1.5 mL Protein LoBind tube (Eppendorf) and resuspended in 20 μL 1× PBS by mixing 10 times with a pipet. Proteinase K (20 μL) and 1× buffer CLE3 (20 μL) were added to the cells and pulse-vortexed for 1 s 10 times. The tube was incubated on a ThermoMixer at 55 °C and 900 rpm for 10 min. RNase A (20 μL) was then added, pulse-vortexed for 1 s 5 times, and incubated at room temperature for 3 min. 1× Buffer BL3 (200 μL) was added and pulse-vortexed for 1 s 10 times and incubated on a ThermoMixer at 55 °C and 900 rpm for 10 min. The Nanobind disk was added to the cell lysate along with 300 μL of IPA, and the tube was inversion-mixed 5 times, followed by mixing on a tube rotator at 9 rpm for 10 min. The tube was placed on a DynaMag-2 magnetic tube rack (Thermo Fisher Scientific) while ensuring that the Nanobind disk was captured near the top of the tube. The tube rack was then slowly inverted to ensure that the Nanobind and the liquid settled into the tube lid. The magnetic base of the DynaMag-2 was then placed onto the inverted tube rack. This assembly was very gently rotated by 90° two times to make the tube upright while ensuring that the Nanobind was captured near the top. The supernatant was then removed without disturbing the isolated magnetic Nanobind disk. The disk was washed once with 700 μL of 0.4× buffer CW1 and twice with 500 μL of 0.4× buffer CW2 by vigorous inversion mixing and removal of supernatant following the magnetic tube rack procedure each time. Any residual liquid was removed by spinning the tube for 2 s. 1× Buffer EB (110 μL) was then added to the tube and incubated for 10 min, and the eluate was collected with a pipet. The residual eluate was collected after spinning the tube for 5 s. The sample was homogenized by mixing 10 times with a pipet, and the DNA was solubilized for 1 h by incubating at room temperature.

DNA Sizing {#sec2.6}
----------

The DNA extracted in the device (sans heat concentration) and using the Nanobind disk were sized in a research-grade version of the Saphyr platform developed by Bionano Genomics Inc.^[@ref26]^ The DNA from either extraction method was suspended in 1× Bionano flow buffer along with dithiothreitol at a concentration of 0.1 M and YOYO-1 dsDNA stain at a concentration of 0.5 μM. For each sizing experiment, 8 and 11 μL of this DNA mix was loaded in the reservoirs labeled as inlet and outlet on the Saphyr flow cell, respectively. The DNA were electrokinetically loaded into the roughly 34 nm wide and 1 mm long square nanochannels using a custom electrophoresis script.^[@ref27]^ The fluorescently labeled backbone of the stretched DNA molecules was illuminated using an OBIS (488 nm, 150 mW, Coherent) laser and imaged using an Andor Zyla 5.5 sCMOS camera with a 60× air objective (NA = 0.90), mounted on an Olympus IX-71 microscope. The images were processed using the Bionano image processing algorithm (available from Bionano Genomics), and the DNA sizes calculated using a 1 pixel = 366 bp conversion factor.

Results and Discussion {#sec3}
======================

Device Design and Characterization {#sec3.1}
----------------------------------

To understand how the second-generation device described here solves the DNA yield problem, it is useful to recall the basic physics of the first-generation DNA extraction device.^[@ref22]^ The latter housed a central gel channel, communicating with two side fluid channels through trapezoidal posts.^[@ref22]^ The length and the width of the gel and fluid channels, shown in [Figure S1](http://pubs.acs.org/doi/suppl/10.1021/acsomega.0c01912/suppl_file/ao0c01912_si_001.pdf), were optimized to (i) balance the hydrodynamic resistance during gel loading and fluid exchange and (ii) set the electric field strength in different regions during DNA electrophoresis. The key physical principle exploited in the design of the trapezoidal posts was the contact line pinning of the hydrophilic agarose gel in the hydrophobic PDMS channels.^[@ref28]^ For caging the cells in the central gel channel, the capillary pressure difference sustained at the gel--fluid interface should be greater than the hydrodynamic pressure difference required to fill the gel channel length.^[@ref29]^ The Laplace pressure, Δ*p*~*l*~, is given by the Young--Laplace equationwhere γ is the surface tension, *R*~*x*~ is the radius of curvature in the horizontal (*x*) direction, and *R*~*z*~ is the radius of curvature in the vertical (*z*) direction. The hydrodynamic pressure difference between the ends of the channel, Δ*p*~h~, is given by the modified Hagen Poiseuille equationwhere μ is the dynamic viscosity, *Q* is the volumetric flow rate, *l* is the channel length, *h* is the channel height, and *w* is the channel width. While [eq [1](#eq1){ref-type="disp-formula"}](#eq1){ref-type="disp-formula"} incorporates the geometry of the trapezoidal posts, [eq [2](#eq2){ref-type="disp-formula"}](#eq2){ref-type="disp-formula"} depends on the dimensions of the gel and fluid channels. It is worth noting that for a single-layer device, the channel height *h* is the same as the radius of curvature *R*~*z*~. For our first-generation device, a depth of *R*~*z*~ = 100 μm, trapezoidal short edge of *R*~*x*~ = 250 μm, and trapezoidal angle of 60° yielded successful caging of cells embedded in 0.2 wt % agarose in the 6 mm long, 1 mm wide, and 100 μm deep gel channel. The reagent exchange to lyse the cells and the DNA elution taking place through the trapezoidal interface and the two parallel edges of the trapezoidal posts were chosen to be 250 and 500 μm long to balance the diffusion during lysis and potential drop during electrophoresis in the two posts.

Because all the planar dimensions were already optimized for long DNA extraction in our previous work,^[@ref22]^ a simple solution to increase the DNA yield is to increase the channel depths to increase the volume of the cell suspension that can be loaded in the device. Upon increasing the device depth (*h* = *R*~*z*~) by a factor of *n*, the Laplace pressure decreases approximately by a factor of *n* as per [eq [1](#eq1){ref-type="disp-formula"}](#eq1){ref-type="disp-formula"} and the hydrodynamic pressure decreases by a factor of *n*^3^ as per [eq [2](#eq2){ref-type="disp-formula"}](#eq2){ref-type="disp-formula"}. Therefore, any increase in the device depth for the previously selected *R*~*x*~ value of 250 μm can theoretically sustain the gel as it is filled into the central channel of the device. We only considered *R*~*z*~ values up to 4 mm to avoid an aspect ratio greater than 20:1.^[@ref30]^

Deep microfluidic channels can be patterned using photoresists such as SU8. While it is possible to obtain features as deep as 500 μm with high viscosity SU8 resists,^[@ref31]^ the fabrication process becomes cumbersome and unreliable for deeper features. Techniques such as laser cutting,^[@ref32]^ CNC milling,^[@ref33]^ and 3D printing^[@ref34]^ have shown promise for fabricating microfluidic devices that are beyond the scope of soft lithography. These techniques are very fast and inexpensive, facilitating rapid testing of the design space to either directly make devices or negative molds. 3D printing is of particular interest because of its very low capital cost in the form of a desktop printer and because it offers a wide range of materials that can be used depending on the end application.

While it is possible to create a DNA extraction device solely using 3D printing, we chose to fabricate our device with a 3D-printed mold and then replica-molding in PDMS because PDMS has sufficient hydrophobicity for contact-line pinning.^[@ref28]^ The material for the negative master mold was selected based on the requirements: (i) heat compatibility up to 75 °C for PDMS curing; (ii) no surface adhesion for easy lift-off of cured PDMS; and (iii) smooth surface finish after printing to avoid the formation of undesired channels in the PDMS replica that might cause leakage. We tested both stereolithography (SLA) and fused deposition modeling (FDM) for printing the device mold.^[@ref35]^ The SLA part was printed at 25 μm layer resolution using Formlabs proprietary clear resin in 2 h and required post processing for 20 min. [Figure [2](#fig2){ref-type="fig"}](#fig2){ref-type="fig"} shows the mold and PDMS device obtained for a channel depth of 2 mm. The FDM part, shown in [Figure S2](http://pubs.acs.org/doi/suppl/10.1021/acsomega.0c01912/suppl_file/ao0c01912_si_001.pdf), was printed in 25 min and did not require further material processing. As detailed in the [Supporting Information](http://pubs.acs.org/doi/suppl/10.1021/acsomega.0c01912/suppl_file/ao0c01912_si_001.pdf), even though FDM 3D printing requires less time and is relatively inexpensive, the rough surface finish was not ideal for PDMS casting. Therefore, the work that follows employed SLA 3D printing on a Formlabs Form2 printer.

![3D-printed master mold (left) and corresponding PDMS replica (right) produced using a Formlabs Form2 SLA printer. The microfluidic channels are 2 mm deep.](ao0c01912_0002){#fig2}

Because 3D printing gives the flexibility of spanning varied feature sizes on a single part, we printed the pattern for 0.5, 1, 1.5, 2, and 4 mm deep channels on a single master mold to eliminate printing inconsistencies. The negative designs were stacked on a platform structure, as shown in [Figure S3](http://pubs.acs.org/doi/suppl/10.1021/acsomega.0c01912/suppl_file/ao0c01912_si_001.pdf), which had a 1.5 mm thick base and an 8 mm tall and 1.5 mm wide parapet on the edges to contain the PDMS. In SLA 3D printing, a laser is used to pattern and cure the liquid resin layer by layer, and the uncured resin at each step flows out after the layer is printed.^[@ref34]^ When printing the 4 mm tall gel and fluid channels separated by a 200 μm gap, we obtained poor feature resolution because the resin was unable to completely flow out, and therefore, this channel depth was discarded. We then tested gel caging in the central channel of PDMS devices that were 0.5, 1.0, 1.5, and 2.0 mm deep, filled with a 0.2 wt % agarose solution containing fluorescein dye for visualization, with fluorescence microscopy. [Figure [3](#fig3){ref-type="fig"}](#fig3){ref-type="fig"} shows successful gel caging by the trapezoidal posts in the central channel of all four devices, experimentally verifying the scale-up of the device based on [eqs [1](#eq1){ref-type="disp-formula"}](#eq1){ref-type="disp-formula"} and [2](#eq2){ref-type="disp-formula"}.

![Fluorescent images of caging of 0.2 wt % agarose dyed with fluorescein in the central gel channel of the PDMS device having a channel depth of (a) 0.5; (b) 1; (c) 1.5; and (d) 2 mm. The gel is locked by surface tension as seen by the curvature at the end of the trapezoid. The difference in the brightness of the images is a result of the increased channel depth. The scale bar is 500 μm.](ao0c01912_0003){#fig3}

As a proxy for the effect of increasing the channel depth on the diffusive cell lysis and DNA washing steps during the DNA extraction process, we measured the diffusion time of fluorescein molecules from one fluid channel to the other across the gel channel, which was filled with 0.2 wt % agarose that initially contained no fluorescein. [Figure S4](http://pubs.acs.org/doi/suppl/10.1021/acsomega.0c01912/suppl_file/ao0c01912_si_001.pdf) shows that the breakthrough of fluorescein into the initially unlabeled fluid channel occurs at the same time in the 100 μm deep first-generation device and the 2 mm deep high-yield device. This result indicates, as expected, that increasing the device depth has no measurable effect on the rate of diffusive transport in the unaltered dimension.

Owing to the successful verification of the gel caging and diffusion in the 3D printed mold devices for all of the depths in [Figure [3](#fig3){ref-type="fig"}](#fig3){ref-type="fig"}, the 2 mm channel depth was selected for further testing because it gives the maximum increase in the volume of the cells and gel mixture that can be loaded in the device. Note that the electric field strength in various regions of the device during electrophoresis is not affected by the value of the channel depth because all the planar dimensions remain the same as those optimized in our previous work.^[@ref22]^

Device Performance {#sec3.2}
------------------

Once the fabricated device was loaded with cells embedded in a gel matrix, the diffusive cell lysis by detergents and Proteinase K was completed in 1.5 h at 43 °C. The automated 1.5 h DNA washing step was carried out using a syringe pump which removes cellular debris and enzymes from the gel. Because the lysis and washing steps are purely diffusive in nature, the process time does not change relative to our first generation device^[@ref22]^ because the length scale for the diffusion is unchanged, as verified in [Figure S4](http://pubs.acs.org/doi/suppl/10.1021/acsomega.0c01912/suppl_file/ao0c01912_si_001.pdf). The DNA was recovered out of the gel by electrophoresis using a programmed LabVIEW script at 10 V for 2 h. Since the cell lysis, DNA washing and DNA electrophoresis steps are automated, and the overall protocol requires less than 5 min of labor for gel loading, buffer exchange, and DNA collection.

The DNA eluted in TBE buffer was collected at the end of 1 and 2 h of electrophoresis from the anodic fluid reservoir to maintain a positive DNA concentration gradient between the gel and the anodic fluid channel. The total product volume of approximately 60 μL was concentrated by heating at 70 °C to achieve a final volume between 5 and 20 μL for the quantitation experiment.

The concentration of DNA molecules in the product was measured by fluorometry using a Qubit fluorometer. The quick heat concentration step prior to quantitation helped to increase the accuracy of the DNA concentration measurements but is not required in our subsequent sizing experiments or for the practical use of our device. We measured the DNA yield from five different devices to account for experimental variability, and the DNA from each of the five devices was read in the fluorometer at least two times to avoid systematic error. [Table [1](#tbl1){ref-type="other"}](#tbl1){ref-type="other"} shows the DNA yield averaged over different measurements in each experimental run along with the standard deviation. Averaged over five instances of the DNA extraction experiment, the DNA yield of the device was 90 ± 30 ng. For calculating the standard deviation here, the yield values for each experimental run in [Table [1](#tbl1){ref-type="other"}](#tbl1){ref-type="other"} are treated as true values and the uncertainty associated with them is ignored. Based on an estimate of the initial DNA loading of 120 ng from the ∼18500 cells loaded into the 25 μL gel chamber, we obtained a 70% DNA recovery out of the device.

###### DNA Yield from the Device Calculated Using Fluorometry Measurements

             concentrated product volume (μL)   number of readings   DNA concentration (ng μL^--1^)   DNA yield (ng)
  ---------- ---------------------------------- -------------------- -------------------------------- ----------------
  device 1   18                                 3                    4.02 ± 0.07                      72 ± 1
  device 2   5                                  4                    15.7 ± 0.7                       79 ± 4
  device 3   20                                 3                    5.57 ± 0.03                      111.5 ± 0.5
  device 4   20                                 2                    6 ± 1                            130 ± 30
  device 5   10                                 2                    6.1 ± 0.1                        61 ± 1

While the processing times for lysis and washing were optimized previously,^[@ref22]^ there are still at least two parameters that can be further refined. The total electrophoresis time is the first such parameter; although a longer electrophoresis period should increase the DNA yield, we expect diminishing returns because the migration distance for the DNA near the channel ends to reach the trapezoid for elution is long. It may also be possible to increase the DNA yield by increasing the cell density in the gel. However, the high accumulation of negative charge from the DNA backbone inhibits successful electrophoresis, and preliminary experiments probing higher cell seeding densities lead us to believe that our current experiments are operating close to the maximum loading density.

Long-read genomic measurements can now be comfortably performed on \<100 ng gDNA owing to the introduction of protocols such as whole genome amplification (10 pg), PCR-based library preparation (1--100 ng), and PCR-free ligation-based 2D libraries run with beads (20 ng) by Oxford Nanopore. Nevertheless, if a higher DNA yield is desired, samples from multiple instances of our device can be pooled and subjected to evaporation-based concentration. With each unit producing ∼100 ng DNA, a multiplexed design with 2--4 sets of channels sharing a common anodic DNA collection reservoir can rapidly multiply the DNA yield. For a higher throughput when trying to simultaneously process different samples, multiple devices can be run in parallel by employing a robotic arm for gel and fluid loading, a microfluidic flow control system for DNA washing, and a multielectrode manifold for electrophoresis because all three unit operations are automated.

The DNA eluted in the buffer after gel electrophoresis is relaxed and coiled.^[@ref36]^ To obtain a size estimate of the molecules extracted from the device, we stretched them in the Saphyr chip designed by Bionano Genomics Inc. for genome mapping.^[@ref9]^ The roughly 34 nm square nanochannels extend the YOYO-labeled DNA molecules close to full extension. The calibration factor to convert pixel size of the imaged DNA molecules to genomic length is calculated by label-based genome mapping experiments on known genomes.^[@ref37]^ We obtained sizing data for 411 009 DNA molecules, shown in [Figure S5](http://pubs.acs.org/doi/suppl/10.1021/acsomega.0c01912/suppl_file/ao0c01912_si_001.pdf), extracted from a single device in less than 4 h in the high-throughput Saphyr system. The total genomic length measured during this sizing experiment was more than 27.5 Gbp and not limited by the yield of our DNA extraction device.

To compare the DNA sizes obtained from our device with the current industrial standards, we also sized a subset of the DNA extracted using the HMW Nanobind protocol in the Saphyr chip. The results of the two sizing experiments are shown in [Figure [4](#fig4){ref-type="fig"}](#fig4){ref-type="fig"}. The read N50 value is defined as the molecule length such that molecules of this length or greater sum to 50% of the total bases measured. This can be easily visualized from the cumulative distribution function in [Figure [4](#fig4){ref-type="fig"}](#fig4){ref-type="fig"}b by reading the molecule length at 0.5. For the DNA extracted in our device, we obtain a read N50 value of 86.4 kbp, which compares well with the N50 value of 94.4 kbp for the Nanobind DNA. It is worth noting that the N50 here is evaluated based on the genomic information obtained from individual DNA molecules and not when a single DNA molecule is read multiple times as in SMRT sequencing.^[@ref38]^ By way of comparison for sequencing applications, an improved nanopore sequencing protocol for ultralong reads, which minimizes the mandatory DNA fragmentation step during library preparation, recently reported a read N50 value of 99.7 kbp.^[@ref39]^ It is worthwhile to specify here that even though the size and purity of our device DNA compare well with commercial methods, the lack of a sequencing experiment in this study should caution the reader to check the compatibility of the product DNA in their target application and that additional purification might be required.

![DNA sizing in nanochannels. (a) Fluorescent image of YOYO-stained, device-extracted DNA molecules extended in 34 nm square nanochannels in the Saphyr genome mapping chip, captured at 60× magnification. The 45 μm scale bar corresponds to 150 kbp in genomic length. (b) Cumulative distribution function plots showing normalized cumulative DNA length as a function of the molecule length for the filtered (\>150 kbp, solid) and unfiltered (dotted) DNA sizes obtained for DNA extracted in the device (red) and using the Nanobind disk (blue).](ao0c01912_0004){#fig4}

For genome mapping, typically only a filtered subset of the sizing data containing molecules longer than 150 kbp are used to assemble the genome. When considering the 3.87% of the DNA molecules that lie in this subset for the sizing data from our device, we obtain a filtered N50 of 172.0 kbp. In the Nanobind DNA data set, 6.83% of the total 121 187 DNA molecules sized were longer than 150 kbp, and the filtered N50 value is 186.7 kbp. Because the number of molecules sized from the DNA products obtained from both methods is different, a fractional comparison gives the true picture of the DNA size distribution.

Sizing the DNA molecules in the genome mapping system not only demonstrates the compatibility of the device-extracted DNA sample in an important genomic technology but also gives a true representation of the DNA sizes after they undergo fragmentation during the currently inevitable world-to-chip interfacing step. Moreover, to address the "How much DNA is enough DNA?" question, this experiment establishes that the circa 100 ng yield of our single-use device is sufficient for performing a genomic measurement in a target long-read application.

To assess the overall merit of our long DNA sample preparation device, it is worthwhile to compare it with the commercial Nanobind system on key metrics. While the Nanobind protocol takes a total of 2 h with 1 h of hands-on time, our device produces DNA from cells in 5 h with 5 min of hands-on time. The reagent cost to process one sample in the Nanobind is \$20, and the combined cost of the device and reagents per sample in our approach is less than \$1, although this comparison is difficult to make in an accurate way because there are additional costs (e.g., profit and inventory) for the commercial system and we do not have sufficient information to estimate these costs for our device. While the N50 value of the Nanobind DNA was measured as 94.4 kbp, it was 86.4 kbp for our device DNA. These are comparable in magnitude, but the performance of the Nanobind protocol is better. However, the Nanobind protocol also comprises many small and distinct steps and heavily relies on the attention paid by the user to track the location of the magnetic disk in the tube during DNA purification and elution. This limits its scope of automation unless sophisticated methods like machine vision are employed. In contrast, our extraction protocol can be fully automated for commercialization. The benchtop Nanobind protocol utilizes vigorous mixing and vortexing which limits its scope of miniaturization and therefore direct physical integration with genomics technologies. Our microfluidic device and DNA extraction were designed keeping sequencing and genome mapping technologies in mind, and it presents the possibility of direct upstream integration. Finally, the Nanobind can process multiple samples at a time, whereas our device is single use with an open possibility of parallel operation for high throughput. This comparison is summarized in [Table [2](#tbl2){ref-type="other"}](#tbl2){ref-type="other"}. The competitive yields and molecular weights of our prototype system combined with the potential of full automation and integration following sophisticated engineering make it a promising alternative for long DNA extraction.

###### Performance Comparison of Microfluidic DNA Extraction Device and Circulomics Nanobind CBB Big DNA Kit

             total time (h)   hands-on time (min)   consumables-only cost per sample (\$)[a](#t2fn1){ref-type="table-fn"}   measured N50 (kbp)   complete automation   direct integration with genomics technologies   multiple sample processing
  ---------- ---------------- --------------------- ----------------------------------------------------------------------- -------------------- --------------------- ----------------------------------------------- ----------------------------
  device     5                5                     \<1                                                                     86.4                 possible              possible                                        possible
  Nanobind   2                60                    20                                                                      94.4                 no                    no                                              yes

The consumables-only cost comparison here is made between a preprofit academic system and a postprofit commercial system.

Conclusions {#sec4}
===========

We have presented a high-yield microfluidic device for DNA sample preparation for long-read genomics. The PDMS-based device is cast off a negative miniaturized mold made using SLA 3D printing. The 3D-printed channels are 20 times deeper than those achieved by typical soft lithography, leading to a straightforward increase in the DNA yield relative to our first-generation sample preparation device.^[@ref22]^ With an order of magnitude faster fabrication and a 100-fold decrease in material cost, 3D printing readily navigates a wide design space while completely eliminating the cleanroom.^[@ref24]^ The ability to work with a very high porosity gel that can be caged in a microfluidic channel significantly decreases the process time compared to conventional plug lysis while preventing the shearing of DNA during processing. The use of massively parallel nanochannels helps to accomplish rapid, high-throughput DNA sizing while also demonstrating the compatibility and sufficiency of the product DNA for genome mapping. Because of the simple steps in the protocol, the platform can not only be fully automated but also multiplexed to increase both yield and throughput.

Requiring only microliters of reagents and 5 min of hands-on time after loading the cells, our disposable PDMS device very inexpensively yields a similar quality of DNA sizes as the commercial Nanobind magnetic disks. The small size of the device and the use of microgel electrophoresis to drive the DNA around in the device present the possibility of direct integration with genomics technologies such as nanopore sequencing and genome mapping, both of which use electrokinetics to deliver the long DNA from the sample ports to the nanopores and nanochannels, respectively. A total analysis system which eliminates DNA fragmentation and product loss caused during the delivery of externally prepared long DNA samples to the genomics chips could significantly improve the quality of the genomic information obtained. Owing to the minimal inventory requirement for fabrication and operation in the form of a desktop 3D printer and a low-voltage power supply, and a straightforward extraction protocol, our device can be adopted readily by users outside the microfluidics community for the long DNA sample preparation.

The Supporting Information is available free of charge at [https://pubs.acs.org/doi/10.1021/acsomega.0c01912](https://pubs.acs.org/doi/10.1021/acsomega.0c01912?goto=supporting-info).Schematic of the gel channel of the device; FDM 3D-printed master mold; CAD drawing of the master mold; effect of channel depth on diffusion time; and DNA sizing data ([PDF](http://pubs.acs.org/doi/suppl/10.1021/acsomega.0c01912/suppl_file/ao0c01912_si_001.pdf))
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